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Abstract 

 

Artificial membranes are models for biological systems and are important to gain 

deeper insight into biological membranes and for various applications. We introduce a 

dry two-step self-assembly method consisting of the high-vacuum evaporation of 

phospholipid molecules over silicon, followed by a subsequent annealing step in air. We 

evaporate dipalmitoylphosphatidylcholine (DPPC) molecules over bare silicon without 

the use of polymer cushions or solvents. High-resolution ellipsometry and AFM 

temperature-dependent measurements are performed in air to detect the characteristic 

phase transitions of DPPC bilayers. Complementary AFM force-spectroscopy 

breakthrough events are induced to detect single- and multi-bilayer formations. These 

combined experimental methods confirm the formation of stable non-hydrated lipid 

bilayers with phase transitions between gel to ripple phases at 311.5 ± 0.9 K, ripple to 

liquid crystalline phases at 323.8 ± 2.5 K and liquid crystalline to fluid disordered phases 

at 330.4 ± 0.9 K, which was consistent with such structures reported in wet 

environments. We find that the AFM tip induces a restructuring or intercalation of the 

bilayer that is strongly related to the applied tip-force. These dry supported lipid bilayers 

show long-term stability. These findings are relevant for the development of functional 

biointerfaces, specifically for fabrication of biosensors and membrane protein platforms. 

The observed stability is relevant in the context of lifetimes of such systems protected 

by bilayers in dry environments, such as e.g. SARS-CoV-2 virus. 
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Graphical Abstract 

 

 

 

KEYWORDS: Supported Lipid Bilayers, Atomic Force Microscopy, Very High Resolution 

Ellipsometry, Physical Vapor Deposition, Artificial Membranes, Bio-Silica Interfaces  
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Significance 

In this study, we found strong evidence for the formation of stable membranes of 

supported phospholipid bilayers (SLBs) evaporated directly onto SiO2/Si, without 

further hydration. Previously, it has been shown via Raman Spectroscopy that the 

evaporation process under high vacuum does not alter the chemical composition of the 

molecules. For each sample eight temperature cycles from room temperature to the 

liquid phase were performed. After one or two temperature cycles the characteristic 

phase transitions of the SLBs were observed in air with Very High Resolution 

Ellipsometry. The common microscopic model of Dignam and Fedyk was used for data 

interpretation. With Atomic Force Microscopy, we observed the rupture force of the 

supported DPPC bilayers. The membranes exhibited force-dependent dynamics when 

imaged by Atomic Force Microscopy. 
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1. Introduction 

 

1.1. Motivation 

 

The study of the behavior of artificial membranes has gained importance in recent 

times [1]–[3], because they represent models of behavior analogous to biological 

membranes found in nature. Such biological membranes are the basis of cellular 

membrane structures and their principal function is to maintain the equilibrium of the 

interior of the cell (intracellular medium) with the exterior of the cell (extracellular 

medium). The principal component of the cell membrane are lipids and proteins that 

alter their behavior in response to a physical or chemical stimuli.   

 

 The formation and study of an adequate environment that permits us to form 

stable artificial membranes, is the principal motivation of this thesis. Our previous 

studies have shown that such membranes can be evaporated in high vacuum [4], but the 

stabilization and the activation of the system are not widely studied and such 

understanding would form an important (fundamental) step towards the development of 

bionanosensors [5], [6]. 

 

Bionanotechnology is an emerging field that combines nanoscale technologies 

with biological systems in order to create functional devices with different applications 

such as:  drug delivery, biosensors, carriers of small molecules and templates for 

pharmaceutical designs [7]–[10]. A cornerstone material in the semiconductor industry 

and nanotechnology is silicon. An important goal for bionanotechnology is to create 

potential silicon-based chips that biomimic the cell membrane, i.e. a bio-silica interface 
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[11]–[14]. Such a bio-silica interface could be used to study the insertion of proteins 

within membranes. A first step to mimicking the cell membrane over a solid surface is 

to form phospholipid bilayers, which are referred to as a Supported Lipid Bilayers (SLB) 

[15]. One method to form a SLB is by using small vesicles, which are suspended in water 

and set to interact with a silicon surface. Once the vesicles interact with the hydrophilic 

silicon surface, they self-assemble into a SLB [16]. There have been many studies 

reporting different methods to form SLBs from vesicles, such as polymer cushioned 

lipid bilayers [17]–[20], hybrid bilayers supported over alkane-thiol self-assembled 

monolayers (SAM) [21], [22], tethered lipid bilayers [23], [24] and freely suspended 

bilayers [25], [26]. Another method to form SLBs, without starting from a vesicle, is by 

using the Langmuir-Blodgett trough method [27]–[29], where a solid substrate is 

successively immersed within a compressed layer of lipids, which then assemble at a 

liquid-air interface. Furthermore, a recent solvent-assisted method using isopropanol has 

been reported to form SLB, where lipid molecules are dissolved in isopropanol and 

flowed through a liquid reaction chamber, generating a bilayer over a glass slide [30]. 

All the aforementioned methods involve the use of solvents to dissolve lipid molecules, 

transport small vesicles or assemble a transfer monolayer over liquid-air interfaces. A 

main disadvantage of liquid-based methods is that they are dependent on specific 

phospholipid and solvent type, concentration and surface tension between the liquid-

solid interface.  

 

Work towards the creation of a solvent-free bio-silica interface has been reported 

by Retamal et al. (2014), who have shown that supported bilayers of 

Dipalmitoylphosphatidylcholine (DPPC) can be evaporated from their vapor phase over 

a cushion of chitosan, which is also previously evaporated onto the substrate [4]. Using 

Raman Spectroscopy, Retamal et al. showed that the evaporation process did not alter 

the chemical composition of the molecules [4]. Furthermore, ellipsometric 

measurements of these DPPC/Chitosan/SiO2/Si samples in air, previously hydrated with 

a drop of water, showed evidence of gel to ripple, ripple to liquid crystalline and liquid 

crystalline to fluid disordered phase transitions at 301 K, 315 K and 328 K, respectively. 
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The reported phase transitions are consistent with previous reports in liquid [31]–[35]. 

Although promising, some drawbacks of the chitosan cushion arise due to its dynamics 

during evaporation. In particular, Retamal et al. have shown, in separate work, that vapor 

deposited chitosan exhibits on silicon surfaces a solid-state dewetting process, that 

occurs during the evaporation process on the substrate at room temperature [36]. 

 

In this work, we have focused on evaporating DPPC molecules directly onto a 

monocrystalline silicon substrate, covered with its native SiO2 layer. The evaporation 

of molecules is performed in high vacuum conditions with in-situ ellipsometric 

thickness monitoring. After the evaporation process, the chamber is vented with air and 

heating ramps at a rate of 2 K / minute are performed. Using ellipsometry, we 

monitorized the optical thickness of the samples and observe the characteristic phase 

transitions of DPPC. In parallel, AFM is used to study the morphological changes of the 

sample after each heating ramp. Combined AFM and ellipsometric measurements show 

evidence of the formation of a phospholipid bilayer system which self-assembles in air, 

i.e. without applying liquid to the system.  Using AFM we have performed force curves 

that show the rupture of several bilayers at increasing loads. Finally, we have observed 

the dynamical restructuring of the bilayer by increasing the AFM force setpoint of the 

imaging mode. The morphology, dynamics and rupture forces obtained corroborate with 

the ellipsometric measurements and point to a well formed DPPC bilayer in air. We 

cannot discard that this bilayer is formed via adsorption of a monolayer of water over 

the hydrophilic silicon surface after the sample is exposed to air. The relative humidity 

in the laboratory is approximately 20%.  
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1.2. Artificial Membrane 

 

 The term artificial membrane refers to a membrane formed synthetically in a 

laboratory for different purposes [1]–[3], [5], [6] using different techniques [27]–[29], 

[37]–[40]. The objective of the creation of an artificial membrane is to imitate the 

processes of biological membranes (nature). 

 

 A biological membrane is one of the essential components of cells found in all 

living beings. The biological membrane is formed by a series of lipids that act as a 

selective barrier surrounding the cell and cell organelles. These lipids self-assemble into 

bilayers to form phospholipid membranes composed principally of carbon and hydrogen 

with smaller amounts of oxygen, nitrogen, phosphorus, among others. In addition to 

phospholipids, other lipids are present in biological membranes, for example as 

glycolipids or cholesterol.   

 

One of the main functions of the biological membrane is to maintain the chemical 

composition inside the cell (with limited volume); that is differences in the extracellular 

medium, generating differences in concentration between intra- and extracellular media. 

To maintain this different concentration, the selective passive diffusion and selective 

active transport allow in tandem the passage of molecules through the membrane due to 

the presence of different channels formed by different proteins. The proteins can be 

categorized into two, depending how they are membrane bound; first, peripheral 

proteins, that are slightly membrane bound through electrostatic interactions. Second, 

transmembrane proteins, that are inside the membrane passing through completely.   
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1.3. DPPC 

 

The 1,2-dipalmitoyl-sn-glycero-3-phosphocholine DPPC is one of the most used 

lipids in the formation of artificial membranes. The DPPC is the principal component 

of pulmonary surfactant [41] and in its structure has a hydrophilic polar head and 

hydrophobic alkane double-chain. Its chemical formula is C40H80NO8P and its 

characteristic molecule length is 2.5 nm [31], [42]. 

 

To create phospholipid bilayers, there are different techniques as Langmuir-

Blodgett [27]–[29], Dip-Coating [37], [38], Spin-Coating [39], [40], among others. In all 

of these techniques, the use of water is essential to produce the formation and the 

operation of the phospholipid membranes. Furthermore, water molecules join the 

membranes’ hydrogen bonds in what is principally an electrostatic interaction (dipole-

dipole) which forms the origin of the hydrophobic effects of the phospholipid molecules. 

In this work a new technique (process)  was developed in Surface Laboratory (Surflab) 

in the Instituto de Fisica at Pontificia Universidad Catolica de Chile by our group [4], 

[43] and we demonstrate that the application of extra hydration after the evaporation 

process is not necessary for stable phospholipid bilayers formation on SiO2/Si 

substrates.  

 

The DPPC has a polar head with a nitrogenous group with positive charge and 

two identical hydrophobic chains composed by 16 carbons each. This phospholipids in 

presence of an adequate humid environment and atmospheric pressure, shows phase 

transitions in its structure (see figure 1.1), which are temperature dependent and are well 

known. These phases are: Crystalline (LC), Gel (Lβ´), Ripple (Pβ´), Fluid (Lα) [32], [44] 

and Fluid Disordered [35]. The LC phase is characterized by a rigid phase and the bilayer 

is in its base form when the lipids are totally vertical. The Lβ´ phase, is characterized by 

a lipid chain inclination around 30° with respect the vertical axes or with respect the LC 
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phase. The Pβ´ phase is characterized by the increase of the chain disorder (or 

movement), that does not occur homogenously in the surface, and an undulated form is 

observed in the bilayer surface. The Lα phase is characterized by an augmentation of the 

membrane disorder, showing only a local ordering. The fluid disordered phase is 

characterized by any order in the membrane which can be observed, and the lipids are 

not in the bilayer structure formation. The phase transition temperature has been 

reported, in the case of LC- Lβ´ phase transition, the temperature when the transition 

occurs is between 293 K and 296 K, for Lβ´- Pβ´ phase transition the temperature range 

is 306 K to 310.5 K, for Pβ´- Lα phase transition the temperature range is 314 K to 325 

K and finally for Lα-fluid disordered phase transition occur between 326 K and 333 K 

[31], [32], [44]–[51]  

 

 

Figure 1.1: Scheme of the different phases of a phospholipid bilayer [52].  

 

 

The Supported Lipid Bilayer (SLB) is the name of a planar structure sitting on top 

of a solid support. This structure has one side in contact with a free solution and the 

other side is in contact with a thin layer of water or other hydration liquid on the solid 

substrate. One of the advantages of this system, is its stability [53]. The approach of this 

thesis is totally different. It was possible to form and study stable SLBs which show 

similar characteristics as the widely studied “wet” SLBs. In other words, the dry SLBs 

show similar adsorbate-adsorbate and adsorbate-substrate interactions as physisorbed 

conventional SLBs [15]. The SLBs will not be destroyed even if a hole is made in the 

membrane. Moreover, the bilayer structure can be maintained for long periods of time, 

starting from several months up to a year.  
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2. Experimental Method 

 

2.1. Very High Resolution Ellipsometry (VHRE) 

 

Very High Resolution Ellipsometry is a non-invasive technique that permits us to 

measure optical properties of thin films. This technique has been proven to be an 

effective method to study wetting, growth and phase diagrams of organic multi films 

adsorbed on surfaces [54], [55]. VHRE is very sensitive to measure the thickness of a 

film and its resolution is 0.05 Å in average in an area equivalent of the laser spot 

illuminated on the sample. 

 

The VHRE technique is based on the analysis of the polarization state of the 

reflected light from the adsorbed surface, which is given by:  

 

ρ =

Erp

Eip
Ers
Eis

=  
Rp

Rs
                                                (2.1) 

 

Where Ei and Er correspond to the incident and reflected electric field respectively, 

R correspond to the intensities and the subscripts s and p correspond to the parallel and 

perpendicular polarization component of the light respectively.  

 

The Fresnel coefficients for the reflected and transmitted wave are given by: 

 

rs =
ntcosθi−nicosθt

nicosθt+ntcosθi
                                                (2.2) 
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ts =
2nicosθi

nicosθt+ntcosθi
                                                (2.3) 

 

rp =
nicosθi−ntcosθt

nicosθi+ntcosθt
                                                (2.4) 

 

tp =
2nicosθi

nicosθi+ntcosθt
                                                (2.5) 

 

 

The reflected light has both transmitted and reflected components emerging from 

the interaction with the film. Hence, considering a total amplitude of the reflected waves 

as the addition of all amplitudes, we will obtain: 

 

R =  r01 + t01t10r12e−2iβ + t01t10r10r12
2 e−4iβ + t01t10r10

2 r12
3 e−6iβ + ⋯ 

(2.6) 

 

With, 

 β = 4π
d

λ
√n1

2 − n0
2sen2θ0.                                     (2.7) 

The formula 2.6 R then corresponds to a summation-geometric progression that 

can be reduced to:  

 

R =  r01 +  
t01+t10e−2iβ

1+r01r12e−2iβ                                            (2.8) 

 

R =  
r01+r12e−2iβ

1+r01r12e−2iβ                                                 (2.9) 
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Therefore: 

Rp =  
r01p+r12pe−2iβ

1+r01pr12pe−2iβ                              (2.10) 

 

 Rs =  
r01s+r12se−2iβ

1+r01sr12se−2iβ                              (2.11) 

 

Replacing equation 2.10 and 2.11 in the equation 2.1, we obtain:  

 

ρ =
(r01p+r12pe−2iβ)(1+r01sr12se−2iβ)

(1+r01pr12pe−2iβ)(r01s+r12se−2iβ)
             (2.12) 

Grouping terms and using the Fresnel coefficients, finally we obtain: 

 

ρ = tan Ψ eiΔ                                                (2.13) 

 

The equation 2.13 in combination with equation (2.1) are known as ellipsometric 

general equation of Azzam y Bashara [56]. The ellipsometric angles Δ and Ψ are related 

with the experimentally measured angles as the follows: 

 

𝛹 = 𝐴                                                          (2.14) 

 

𝛥 = 2𝑃 +
𝜋

2
                                                   (2.15) 
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Where A and P correspond to the analyzer and polarizer angles respectively. A 

and P are empirically measured in our ellipsometer, using a controller (Newport 

PMC200-P2) which produces a measurement accuracy of ±0.002 °. The VHRE setup 

can be observed schematically in figure 2.1. Due to β being related to the refractive 

index and the thickness of the film, we can write β in terms of the polarization angle as: 

 

β = 4π
d

λ
√n1

2 − n0
2sen2θ0 = 4π

dn1

λ
cosθ1 = C (2P +

π

2
)     

(2.16) 

where C is a constant [57], [58].  

 

 

Figure 2.1: Scheme of the VHRE of surflab UC [59]. 
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The VHRE setup is composed of a He-Ne laser with a characteristic (peak) 

wavelength of 632.8 nm, a quarter wave plate that permit us to change the polarization 

of the laser from linear to circular. A polarizer P was used to select conveniently the 

linear polarization plane. A fixed Soleil-Babinet compensator C [60] was used with the 

objective to stop the laser polarization from changing from linear to elliptical due to the 

beam front (i.e., the elliptical polarizability depends on the polarizer P). The ellipticity 

generated by a combination of the polarizer and compensator (P and C) should be the 

inverse of the ellipticity produced by the sample, then, the light reflected from the 

sample will have a linear polarization that could be nullified by the use of analyzer (A) 

that is physically identical to the polarizer. With this combination PCSA (Polarizer, 

Compensator, Sample and Analyzer) we can operate in null ellipsometry, which means, 

the intensity after the analyzer is null. The compensator was fixed in -45 ° [56], and the 

analyzer is fixed in some angle that is characteristic of each sample. For thin layers, i.e. 

below 500 Å, it is then necessary to change the polarizer angle to null the laser intensity 

after the analyzer: In the case of sample thicknesses above 500 Å, it is then necessary 

change both polarizer and analyzer to null the laser intensity. 

 

The VHRE setup features a feedback system that compares the modulation signal 

of the intensity received by the photodetector with the reference signal obtained with a 

Lock-in amplifier or Phase Sensitive Detector (PSD), observed schematically in figure 

2.1. The Lock-in amplifier has in the input an oscillated signal with a frequency of 756.2 

Hz which is used to generate a small oscillation in the current of the Faraday glass coil 

(reference signal) in order to detect an oscillated signal (input signal) with the 

photodetector. The rectified signal of Lock-in amplifier is close to the 0 VCC. If some 

properties of the film change, a gap in the minimum of the light intensity occurs and the 

photodetector will measure a different signal, changing the output signal of the Lock-in 

amplifier, i.e. different of 0 V. When this different signal enters the Faraday controller, 

this will send a DC current to the Faraday coil/Faraday glass in order to rotate the 
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polarization plane of the incident light to the sample to get again a null intensity in the 

photodetector. 

2.2. Atomic Force Microscopy (AFM) 

 

 Atomic Force Microscopy (AFM) is a technique which has revolutionized the 

topic of this thesis and the characterization of micro or nanostructured surfaces in 

general, due to its resolution vastly exceeding the resolution of the classical optical 

microscope. Surflab UC has the NanoWizard 3 BioScience by JPK Company. AFM 

functions by scanning the surface of a sample with a probe or tip that in general has a 

curvature radius around 10 nm. The AFM tips are typically made with silicon (Si) and 

in some cases are coated with other materials to enhance certain properties such as; light 

reflectivity, conduction or to analyze magnetic samples, depending of the customer 

requirements. With this equipment, we measure the interatomic forces generated 

between the tip and sample surface during the scan process. These forces are Van der 

Waals type and result in a generation of a topography image of the sample surface [61]. 

 

The basic operation of AFM is as follows: an infrared laser is incident upon the 

tip which is coated with a reflective material whichreflects the laser toward a mirror 

then toward a four-quadrant detector. This detector permits one to observe small 

changes in the lasers’ reflective position due to the AFM tip deflection from the surface. 

Using mechanic movements in the holder with piezoelectric system makes possible to 

return the laser to the initial position. This mechanism permits one to generate a 

topographical image of the sample surface. AFM can work in three different modes: 

contact mode, tapping® mode and non-contact mode. 

 

In contact mode the tip scans the surface of the sample touching it all the time. 

This scan mode is used typically in hard samples as metals, minerals, among others. 

With this mode, soft samples as a biological samples could be destroyed or damaged 
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due to the constant contact with the AFM tip, resulting in unreal image of the sample 

topography. 

 

Tapping® mode consists of the tip being in a constant oscillation with a frequency 

close to its resonance frequency during the surface is scanned. This oscillation is given 

by piezoelectric crystals placed in the cantilever holder, which vibrates in response to 

an alternating current. Tapping or Intermediate Contact Mode is more complex than the 

contact mode due to it requiring the use of a Lock-in amplifier or a PSD. The 

characteristic resonant frequency of each cantilever is given by the manufacturer and 

this value should be configured within the AFM. Intermediate Contact Mode is very 

useful for soft samples due to the contact being only at one point which avoids dragging 

the material with the tip. Another advantage of this mode is that it can be possible to 

obtain information about the different phases of the soft matter and the oscillation 

amplitude of the tip, both information are strongly related with the hardness of the 

scanned material and therefore is possible to distinguish material from different nature 

present in the sample.   

 

In non-contact mode, the AFM tip never touches the sample surface, i.e. the 

distance between tip and surface remains constant. This mode is widely used in magnetic 

and electric measurements to create a topography image from attractions and repulsions 

between tip and sample [62]. 

 

The principal benefits of the AFM technique is that in general it is a non-invasive 

method if used in the adequate mode and the sample can be tested in air and/or liquid, 

for biological or soft organic matter, vacuums are avoided as the systems will lose water 

and therefore will be denaturalized. A disadvantage of AFM technique is the time 

necessary to form an image, which is higher compared with other techniques. 
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3.  Materials and sample preparation 

3.1. Substrate preparation 

 

The substrate used was a monocrystalline silicon wafer (100) covered with its 

native oxide layer (15−25 Å), which was obtained from Virginia Semiconductor Inc. 

Substrates were cleaned in a mixture of H2SO4 (sulfuric acid at 95−97%) and H2O2 

(hydrogen peroxide at 30%), both acquired from Merck. The mixture was formed in a 

7:3 ratio and at 363 K the substrates were submerged in the mixture for 30 minutes (to 

clean the substrate using the “piranha” chemical bath) [63] [19]. The substrates were then 

rinsed twice and stored in ultrapure water (Merck). Before use, the substrates were dried 

applying a jet of ultrapure nitrogen gas (99.995% purity) purchased from Linde, 

Santiago, Chile. Cleaning efficiency was confirmed using Very High Resolution 

Ellipsometry (VHRE), able to detect even traces of organic contaminations. After the 

cleaning process, the substrate is functionalized hydrophilic to ensure that the polar 

heads of the DPPC phospholipid anchor on the substrate surface.  
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3.2. Physical Vapor Deposition with 

Ellipsometric Monitoring 

 

Dry DPPC in powder form, purchased from Avanti Polar Lipids Inc., Alabaster, 

Alabama, USA, was placed inside of a Knudsen cell (see figure 3.1) itself inside of the 

high vacuum evaporation chamber (see figure 3.2). The DPPC (untreated/as purchased) 

was to be evaporated onto the cleaned silicon substrate as described as follows: The 

Knudsen cell is a thermal cavity of glass that is heated using a resistance. This cavity 

has a small hole in one of its ends with the objective to direct the material to be 

evaporated to the center of the substrate surface. The material distribution of the material 

deposited onto the substrate can be approximated by the following equation [64]:  

 

𝑧(𝑥) =  
𝑧0

(1+[
𝑥

𝑟
]

2
)

2                                    (3.2.1) 

 

Where x is the distance between the substrate center and deposition point on the 

surface, r is the distance between the Knudsen cell hole and the substrate (in our vacuum 

chamber correspond to 40 mm approximately) and Z0 is the value of the film thickness 

in the center of the sample (in our case this value is typically 60 Å). The film distribution 

on the bare silicon substrate is observed in figure 3.3. The vertical lines correspond to 

the edges of the substrate which are 10 x 10 mm2. In the borders of our substrate, the 

film thickness is approximately 97% of film thickness in the center. The sample 

thickness was monitored in situ with VHRE to evaporate the required thickness of the 

film. 
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Figure 3.1: Scheme of the Knudsen cell. (1) Back cover, to seal the place where 

the material is placed. (2) Resistance (Thermocoax® coil compatible with ultra-high 

vacuum UHV) coiled wrapped glass. (3) Molded glass with a hole in its ends to direct 

the material to be evaporated. 

 

The evaporation process was started in high vacuum (∼10–6 Torr). During 

evaporation, when the temperature inside the Knudsen cell grows to approximately 443 

K, the pressure in the chamber increases up to ∼10–4Torr. Substrate temperature was 

kept at room temperature ∼296 K, and the deposition rates were approximately 3.2 x 

10-2 Å/s. The optical thickness of each thin film was monitored in situ with VHRE 

during the phospholipid deposition process, comparing the variation of the absolute 

ellipsometric polarizer angle P of the sample with the initial polarizer angle P0, 

corresponding to the bare substrate. The layer thickness was calculated using the Drude 

model [65] for single layers by relating the polarizer (P) and analyzer (A) angles to the 

ellipsometric parameters Δ = 2P + 90° and ψ = A. With these ellipsometric parameters 

one can obtain the value of the refractive index or the thickness of a film using the 

multiple reflections of the light variant upon the interaction with the medium-sample 

interface (i.e. vacuum/DPPC interface) and with the sample-substrate interface (i.e. 

DPPC/SiO2 interface).  
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Figure 3.2: Evaporation Chamber [66]. 

 

 

The thickness of the films can be obtained using the Fresnel coefficients with the 

following equation:   

 

𝛥𝑃 = 𝛤(𝜀𝑡 , 𝜀𝑛, 𝜀𝑠)𝐷                                     (3.2.2) 

 

Where D corresponds to the thickness of the film. εt and εn are the dielectric 

constants tangential and normal of the film respectively and εs is the real dielectric 

constant of the substrate. The 𝛤 expression is given by: 
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𝛤(𝜀𝑡 , 𝜀𝑛, 𝜀𝑠) =
2𝜋

𝜆0
cos 𝜑 (

1

1−𝜀𝑠
)

𝜀𝑡−𝜀𝑠−1+ 
𝜀𝑠
𝜀𝑛

cot2 𝜑 − 
1

𝜀𝑠

180

𝜋
    (3.2.3) 

 

 Where λ0 is the laser wavelength and φ is the incidence angle with values of 

6328 Å and 60.5 ° respectively. The other constants values are given in the table 3.1. 

When the light interacts with a surface, a percentage of this intensity is absorbed and 

propagates through the material. In this case, it is convenient use both real and complex 

part of the refractive index of the materials to compensate the losses due to the 

absorption process in the surface. 

 

Parameter Value 

Incident angle 60.5 ° 

Laser wavelenght 6328 Å 

Refractive index of the substrate [65] 3.877+0.019i 

Dielectric constant of the sample 15.03+0.14i 

Refractive index of the DPPC  [38] 1.47 

Dielectric constant of DPPC 2.1609 

 

Table 3.1: Values of different constants used to determine the relationship 

between the thicknesses of the film with respect the changes in the polarizer angle (ΔP). 

 

If we assume that εt = εn = ε, due to 𝐷 ≪ 𝜆0 and using the value from the table 

3.1 [38], [65], the relationship between thickness of the film and ΔP of DPPC, for film 

thickness below 500 Å, is given by: 

 

∆𝑃 =
𝑑

18.5 Å
                                                  (3.2.4) 
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After deposition, the high vacuum chamber was vented with air at atmospheric 

pressure and the sample was analyzed as a function of sample temperature with VHRE 

and / or taken out of the chamber for further analysis with AFM. Temperature ramps 

from room temperature (RT) to 347 K were performed within the ellipsometer setup at 

a heating rate of 2 K / minute.  

 

 

Figure 3.3: DPPC film distribution on the bare silicon substrate for deposition 

from our Knudsen cell. 
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3.3. AFM equipment 

 

A NanoWizard 3 AFM integrated apparatus from JPK Instruments was used to 

obtain and process AFM data in to topographic information and the corresponding 

mechanical properties of the prepared films. AFM cantilevers purchased from Nano and 

More, Watsonville, CA, USA were used. The dimensions of our cantilevers were: 

thickness, 1 μm; length, 225 μm; and width, 48 μm. The resonant frequency was ∼40 

kHz, and the force constant was 0.6 – 1.5 N/m. To obtain the highest lateral resolution, 

images of 256 × 256 pixels were taken using QITM mode. The images were analyzed 

using Gwyddion and/or JPK Data Processing software. Force Mapping mode (also 

known as Force Volume) was used to collect an array of force curves containing 

mechanical properties of the samples, which can also lead to spatial reconstruction of 

topographic maps [67]. The JPK QITM mode was used to obtain topographical images 

and force curves. In addition, force curves were measured using Force Mapping mode 

in order to achieve a higher precision, due to an increased control of the parameters such 

as vertical speed and force. 
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4. Results 

4.1 Design and construction of an electric system to 

measure ion conductivity across the membrane.  

 

In a previous work, we made an electric system (see figure 4.1) to detect variations 

in the ion conductivity across the phospholipid membrane, with the aim to measure the 

changes in the capacitive response due to ion channel formation across the artificial 

membrane. Applying multiple square pulses at low power using a signal generator, we 

measured the ion current which reaches to the silicon wafer using an oscilloscope to 

compare different systems exposed to a liquid medium that simulated the natural cell 

membrane environment.  

 

 

Figure 4.1: Scheme of a system to measure the capacitive response of an 

artificial membrane. 
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The results obtained using the system shown in figure 4.1 for different substrate 

coverages are observed in figure 4.3. These results show that the behavior of the varying 

systems stimulated by multiple square pulses is represented by a typical capacitive 

response (see figure 4.2) observed in the charge and discharge of a capacitor, i.e. we can 

study the system in a similar way as a capacitor, attributing the changes in the 

capacitance to changes in the system conductivity. The different systems studied were 

Si/SiO2/chitosan, Si/SiO2/chitosan/DPPC and Si/SiO2/chitosan/DPPC+Protein. It was 

possible to observe that the time response 𝜏 (or characteristic time of the capacitor), 

corresponding to half time of the charge and discharge of a capacitance, decreased when 

the proteins are inserted into the bilayer. The equation that represent the value of 𝜏 is 

given by: 

𝜏 = 𝑅𝐶 ln 2                                                 (4.1.1) 

 

The change of the time response in the bilayer could be attributed to an increase 

in the bilayer conductivity due to the ion channel formations. These novel results were 

used within the application of a provisional patent (U.S. Provisional Patent Application 

(2014): "Nano-interface for molecular signal transduction" / "Nano-interfaz para la 

transduccion de senales moleculares". Inventor(s): U. G. Volkmann, T. Perez-Acle, S. 

Gutierrez, M. J. Retamal, and M. Cisternas. U.S. Provisional Patent Application 

Number: 62/037,027 (14 August 2014).) [68] and a definitive patent (Definitive Patent 

application (2015): “Interface ultradelgada y autohidratante que comprende un 

biopolímero hidratante y una bicapa lipídica." Inventor(s): U. G. Volkmann, T. Perez-

Acle, S. Gutierrez, M. J. Retamal, and M. Cisternas. PCT application number: 

PCT/CL2015/050033 (August 13, 2015).). 
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Figure 4.2: Data obtained of the capacitive response of the system.  
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Figure 4.3: Characteristics time response of the different systems analyzed. 

 

Using these preliminary results, a laboratory prototype was designed and 

constructed to perform the measurements more rigorously. This device (see figure 4.4) 

was constructed using a copper flat plate, as an electrode upon which the Silicon 

substrate was placed to collect the electric measurements. The silicon used was doped 

with boron to produce a high current conductivity in order to minimize the substrates’ 

contribution to the capacitive measurements. The liquid container was made with Teflon 

to avoid all kinds of interactions of the container with the aqueous medium.    
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Figure 4.4: Laboratory prototype to measure the capacitive response of the 

system. 
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The results obtained using this prototype are shown in figures 4.5 to figure 4.7. 

First, we tried to observe the protein insertion whilst monitoring the characteristic 

response time of the system with respect of time before and after the protein were 

introduced to the aqueous medium. It was possible to observe that the characteristic 

response time measured with the prototype (see figure 4.5) was very similar in 

magnitude to the first system used (see figure 4.3 in blue data) for 

Silicon/chitosan/DPPC/protein. In figure 4.6 one can observe that the characteristic 

response times are dependent on the voltage frequency given by the power supply. These 

results were used to select the voltage range suitable for the measurements. The 

dependence on electrode distance was analyzed with the prototype (see figure 4.7). 

These results suggested that for further/future work, a new design for maintaining a 

controlled electrode distance would be desired. 

 

 

 

Figure 4.5: Study of the change of the characteristic response time with respect 

to time for the system SiO2/chitosan/DPPC/protein. 
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Figure 4.6: Study of the change of the characteristic response time with respect 

to frequency of the external voltage applied for the system SiO2/chitosan. 
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Figure 4.7: Study of the change in the characteristic response time with respect 

the electrode distance for the system SiO2/chitosan. 

 

 

 

 

 

 

 

 

 

 

 

 



 44 

4.2 Design of a new ellipsometer in vertical 

configuration. 

 

The new results generated new concerns about the phospholipid bilayer formation 

after the evaporation process in air and aqueous medium. It will be necessary to 

understand how the electric pulses and the bilayer thickness is altering the bilayer 

behavior itself. To answer these concerns, it was deemed necessary to construct a new 

Ellipsometer in a vertical configuration (see figure 4.8 and figure 4.9) to perform 

measurements in aqueous medium to be contrasted with measurements in air.  

 

 

Figure 4.8: Draft of the Ellipsometer for construction in Surflab. 
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Figure 4.9: 3D scheme of the ellipsometer for construction in Surflab [59]. 
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4.3 Design of an accessory to measure phase 

transitions of SLB in aqueous medium for the 

ellipsometer present in the laboratory  

 

Alongside the design and construction phase of the new ellipsometer, an accessory 

for the ellipsometer already present in the laboratory was also designed and constructed 

(see figure 4.10 and figure 4.11 respectively). The accessory was intended for the 

measurement of temperature ramps in aqueous media in a horizontal configuration. The 

material used to construct this accessory was Teflon to avoid all kind of interaction 

between the cell and the aqueous medium. 
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Figure 4.10: Alternate views of the 3D scheme of the accessory designed to 

measure temperature ramps of supported lipid bilayer in aqueous medium, in horizontal 

formation, in the ellipsometer present in the laboratory. 
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Figure 4.11: Constructed accessory for the measurement of temperature ramps 

in phospholipid bilayers immersed in aqueous media in the ellipsometer present in the 

laboratory. 

 

Using the new accessory, it was possible to measure the temperature ramps of the 

phospholipid bilayers and any corresponding phase transitions of the layers. These 

results are shown in figure 4.12. Using figure 4.12 it was possible to obtain the 

temperature of the characteristic phase transitions of the DPPC bilayers. There was 

variation between curves measured in air and in aqueous media due to bubble formations 

inside the cell. For the same reason it was not possible to measure the cooling part of 

the temperature cycle because the laser geometry was misaligned due to the bubble 

formations.  
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Figure 4.12: Ellipsometric signal measured during the temperature ramp 

performed on a phospholipid bilayer in water. In this graph, it is possible to observe 

phase transitions in the phospholipid bilayer characterized by the curves’ inflection 

points. 

 

The principal disadvantage of this new accessory was that during the temperature 

ramps, air bubbles were formed inside the accessory windows. To avoid the air bubble 

formations, we will measure temperature ramps in aqueous medium inside a glass cell 

designed for the new ellipsometer in a vertical configuration.  
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4.4 Phase transitions measurements of SLB in air 

 

In parallel to the construction of the new ellipsometer, a study of the behavior of 

the evaporated phospholipids over silicon substrates in air medium was performed. The 

idea behind the study was to investigate the behavior of the evaporated films without 

further hydration, during multiple temperature cycles with the specific aim to 

understand how the molecules are organized on the silicon substrate. The experimental 

objective was to observe collective phenomena in the DPPC molecules with respect to 

different evaporated film thicknesses starting from 10 Å to 100 Å. The results showed 

an interesting collective phenomena. In the first ramp, it was possible to observe an 

unstable behavior, attributed to a reorganization process during the temperature ramp. 

From the second to fifth temperature ramps it was possible to observe a new stable 

behavior that was reproducible with respect to time. We will start analyzing the 

temperature dependence of the ellipsometry signal for samples with thicknesses below 

30 Å (see figure 4.13 to figure 4.15).  

 

For the 10 Å DPPC evaporated sample (see figure 4.13) it was only possible to 

observe changes in the Ellipsometric measurements in the first ramp. These changes 

confirmed the topographical changes of the system. After that, the system displayed 

stable behavior. It is important to note that in the first ramp, ∆𝑃 is around 0.2 degrees 

while in the following ramps this change was around 0.02 degrees – corresponding to 

instances when it was not possible to observe collective phenomena. A similar behavior 

was observed in the 10 Å sample shown in figure 4.14. In this sample, it was only 

possible to observe changes in the Ellipsometric measurements in the first ramp and 

after that the system passed to a stable behavior, similar to the 30 Å sample. It is 

important to note that in the first ramp, ∆𝑃 was around 0.4 degrees while in the following 

ramps this change was around 0.04 degrees when it is not possible to observe collective 

phenomena again, e.g. as observed for the rotator phase in alkanes [65]. The behavior 

of the third sample shown in figure 4.15 was similar to the other two samples. It was 
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possible to observe changes in the Ellipsometric measurements only in the first ramp 

and in the following measurements it was not possible to observe collective phenomena.  

 

10 Å of DPPC evaporated over silicon substrate: 

 

 

 

Figure 4.13. ∆𝑃 vs temperature ellipsometric measurement of 10 Å thick of 

evaporated DPPC film. The graphs shown from top to bottom are the first to the fifth 

temperature ramp, resp.  
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15 Å of DPPC evaporated over silicon substrate: 

 

 

Figure 4.14: ∆𝑃 vs temperature ellipsometric measurement of 15 Å thick of 

evaporated DPPC film. The graphs shown from top to bottom are the first to the fifth 

temperature ramp, resp.  
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25 Å of DPPC evaporated over silicon substrate: 

 

 

 

Figure 4.15: ∆𝑃 vs temperature ellipsometric measurement of 25 Å thick of 

evaporated DPPC film. The graphs shown from top to bottom are the first to the fifth 

temperature ramp, resp.  
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The results obtained from samples with thicknesses above 40 Å displayed very 

different behavior to the previous thinner films. These results can be observed in figure 

4.16 and figure 4.17. In the case of figure 4.16, the thickness of the sample was around 

40 Å and this sample showed collective phenomenon. It was possible to observe equally 

for the other samples, changes in in response to the first ramps that were attributed to 

morphological changes on the surface. These changes were due to the kinetic energy 

gained by the molecules during the temperature ramp, reaching stable behavior for the 

following temperature ramps. The changes in the slope of the curve for the second and 

the following temperature cycles were attributed to the phase transitions in the bilayer, 

because these changes occur close to the phase transition temperature reported in the 

literature, obtained in liquid (water or solvent). However, in this case the bilayer was 

immersed in a dry medium (air). This finding suggested that it was possible that the 

bilayer was formed in the absence of water. To answer this question, one should perform 

similar measurements in a nitrogen atmosphere to observe if the phase transitions are 

present there also. If the phase transition disappears, then the bilayer could be formed 

with the air humidity, without need of further hydration. 
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40 Å of DPPC evaporated over silicon substrate: 

 

 

 

Figure 4.16: ∆𝑃 vs temperature ellipsometric measurement of 40 Å thick of 

evaporated DPPC film. The graphs shown from top to bottom are the first to the fifth 

temperature ramp, resp.  
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In figure 4.17, the thickness of the sample was 100 Å and collective phenomena 

was observed also. It was possible to observe the same behavior as the other sample in 

the first ramp that can be attributed to morphological changes due to the kinetic energy 

gained by the molecules during the temperature ramp followed by stable behavior for 

the following temperature ramps. The changes in the slope of the curve were attributed 

to phase transitions in the bilayer because for the same reason described for figure 4.16, 

these changes occur close to the phase transition temperature reported in the literature 

and with similar critical values obtained herein for the sample with a thickness of 40 Å. 
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100 Å of DPPC evaporated over silicon substrate: 

 

 

Figure 4.17: ∆𝑃 vs temperature ellipsometric measurement of 100 Å thick of 

evaporated DPPC film. The graphs shown from top to bottom are the first to the fifth 

temperature ramp, resp.  
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4.5 Measurements of the topography effects due to 

the temperature cycles applied to SLBs in air and in 

water using AFM 

 

To quantify the topographical changes in the sample surfaces due to the thermal 

cycles applied, AFM images were performed before, during and after the temperature 

ramps, in air and in water media (see figure 4.18). It was possible to observe in figure 

4.18 a) and b) that the sample topography changed after the temperature ramps – 

occurring during the thermal cycle realized in the AFM. This result confirmed that the 

measurement obtained using the ellipsometric curves that of ∆𝑃, show us that the 

morphological changes occurred during the first temperature ramp. This behavior was 

observed in air and in water media and suggested that the temperature cycle affects 

dramatically the topography of the sample. These changes are related to a new stable 

morphology of the material on the silicon substrate.  
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Figure 4.18: 10 µm x 10 µm AFM topographical images taken at room temperature of 

the sample before a) and c) and after b) and d) the temperature ramps in air a) and b) 

and in water c) and d), from room temperature to 360 K.     
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4.6 Determination of the appropriate thickness of 

the DPPC evaporated to form a homogeneous film on 

the silicon substrate  

 

To decide the specific thicknesses to be used to insert the protein in the Supported 

Lipid Bilayer (SLB) created in a dry process, the topography of samples with different 

thicknesses where observe using AFM. The criteria used to determine the suitable 

thickness is the major coverage percentage. The images of the samples with thicknesses 

in between 20 Å to 100 Å are shown in figure 4.19. For samples with thicknesses above 

60 Å we found complete coverage of evaporated material and concluded that this 

thickness (60 Å) is optimal to form artificial membranes. 
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Figure 4.19: Topographic images 10 µm x10 µm obtained using AFM for samples 

with thickness of: 20 Å figures a), b) and c). 40 Å figures d), e) and f). 60 Å figures g), 

h) and i). 80 Å figures j), k) and l). 100 Å figures m), n) and o) [69].  
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4.7 Supported Lipid Bilayer formation  

In Figure 4.20 we show an AFM image of DPPC as deposited over silicon and 

force spectroscopy curves obtained on the different evaporated regions using 

quantitative imaging (QITM) mode. Figure 4.20 a) shows the island-like topography of 

the sample right after the evaporation process. Figure 4.20 b) shows a height 

distribution of the topography, from where we can identify three clearly separated 

height levels. From these height distributions we obtain the three main peaks centred 

at 4.01 ± 0.93 nm (level 1), 8.08 ± 0.94 nm (level 2) and 12.17 ± 0.98 nm (level 3). 

These step heights are multiples of 4 nm, which is the characteristic height of a DPPC 

bilayers [31], [70]. Figure 4.20 c) shows an adhesion map of the same region, while 

Figure 4.20 d) shows an adhesion distribution. From Figure 4.20 d), we can say that 

the entire surface is covered with a layer that has roughly the same adhesion, i.e., only 

one peak is seen centred at 9 nN, this is higher than our measured value for the bare 

silicon substrate, on which we measure an adhesion force of 5 nN (Figure 6.13). 
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Figure 4.20. a) AFM topography image of DPPC/SiO2/Si taken directly after 

evaporation. b) Height distribution of the topography map showing the three 

distinct levels at 4 nm, 8 nm and 12 nm. c) Adhesion map of the same region. (d) 

Adhesion distribution centered at 9 nN [71]. 

 

In order to test the mechanical properties of the membrane in Figure 4.20, we 

performed force curves using AFM [72]. Figure 4.21 shows the representative AFM 

force curves taken using force mapping mode on a 7 µm × 7 µm area. Breakthrough 

events are seen as sudden drops in the force curves. These breakthrough events are seen 

at all points, and show 1, 2 or 3 breakthrough events (Figure 4.21 a)–c)), respectively. 

Force curves with one breakthrough are attributed to the rupture of the first level, i.e., 

only one bilayer (Figure 4.21 a)). Meanwhile, force curves with two and three 
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breakthrough events are related to ruptures in levels 2 and 3 (Figure 4.21 b) and c)). 

The rupture forces show that we have a complete coverage of the substrate with one 

DPPC bilayer, i.e. we always see at least one rupture event. On top of this complete 

bilayer we have partial coverage of two and three additional bilayers (see Figure 4.20 

a)). By averaging all curves with one rupture we obtained an average of 5.3 ± 2.4 nN. 

Force curves showing two ruptures (level two) show a first rupture at 5.6 ± 1.2 nN 

followed by a second rupture at 5.1 ± 1.1 nN. Finally, the force curves with three 

rupture events (level 3) rupture first at 5.3 ± 2.0 nN, followed by a second rupture at 

5.2 ± 1.8 nN and a third rupture at 5.0 ± 1.7 nN. As seen, all ruptures in dry, non-

hydrated SLBs occurred around 5nN and are independent of the number of layers. The 

averages and individual rupture forces are tabulated in Tables 6.1–6.3. To compare the 

mechanical properties of SLBs immersed in liquid, we applied AFM force curves to 

phospholipid bilayers fabricated under the same procedure (formed by physical vapour 

deposition in high vacuum) immersed in pure water in the AFM JPK NanoWizardTM 

Heating Cooling Module HCMTM accessory. We applied tip forces up to 15 nN and no 

rupture of the bilayer membrane was observed (see Figure 6.1). 
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Figure 4.21. a) Force curve on the first bilayer (level 1). b) Force curve on the 

second bilayer (level 2). c) Force curve on the third bilayer (level 3)[71]. 

The measured AFM rupture forces in Figure 4.21 in dry conditions (~5 nN) were 

clearly lower than the values reported for liquid conditions. Rupture forces reported in 

the literature for a single bilayer of DPPC in physiological conditions are 20 nN, and 

this rupture force decreases to 13 nN in the absence of Mg2+ [73]. Our measurements 

of the mechanical properties of SLBs immersed in pure water show that the rupture 

force of the bilayers increased by at least three-fold, compared to dry phospholipid 

bilayers fabricated under exactly the same procedure (physical vapour deposition in 

high vacuum). In other words, the hydrated SLBs re stronger than the stable dry SLBs 

investigated herein (see Figure 6.1). On the other hand, the observed stability of these 

evaporated SLBs, analyzed with AFM with surfaces in water, confirmed that the first 
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DPPC bilayer, on top of the SiO2/Si substrate, is anchored correctly with its polar head 

towards the SiO2 substrate (head down configuration). In the opposite case, if anchored 

with the alkane legs towards the substrate (tail down configuration), the bilayer in 

contact with the substrate would be displaced or removed from the substrate, as we 

observed during previous studies of alkane layers adsorbed by velocity controlled dip-

coating on the same substrate (dotriacontane C32H66/SiO2/Si) [74]. In the case of 

nonpolar molecules, like alkanes, water intercalates between the hydrophilic SiO2 

substrate and the alkane molecules and displaces the alkanes, similar to the effect of 

penetrating oil on water films (WD-40TM or CarambaTM effect). The hydrophilic nature 

of the silicon substrate, which is defined by the cleaning procedure [63], combined with 

air humidity, could induce the formation of stable SLBs in air after the first heating 

cycle. However, this eventual adsorption of water from the laboratory atmosphere is 

very unlikely, given that the room temperature is above the dew point at the relative 

humidity of our laboratory (approximately 20%). Furthermore, our extremely sensitive 

VHRE was not able to detect the adsorption of water molecules underneath, inside or 

above the bilayer, which would be clearly distinguishable from the DPPC molecules 

given their different refractive indices and polarizabilities. Additionally, the AFM 

measurements showed no signs of the presence of a significant amount of water. 

Our results have shown that SLBs fabricated by our dry two-step procedure can 

be used for applications in dry environments as well as for conventional applications 

under physiological conditions, taking advantage of the extended storage period of our 

dry and long-time stable SLBs. We believe that water helps the SLB to stabilize 

mechanically, exhibiting higher rupture forces under physiological conditions than in 

dry environments, as shown in Figure 4.21. 
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4.8 Study of the temperature cycles effect in the 

SLB using Ellipsometry and AFM 

To confirm the DPPC bilayer formation, complementary ellipsometric 

measurements were performed in order to observe phase transitions, by applying 

heating and cooling temperature ramps between room temperature (RT) and 347 K. 

Figure 4.22 shows the variation in the polarizer angle (ΔP), which represents variations 

in the polarizability of the bilayer molecules [75]. The ellipsometric data , based on the 

models of Paul Drude [76] and the equivalent model [65] of Dignam and Fedyk [75], 

produces an interpretation of the collective behavior on a molecular scale. Figure 4.22 

a) corresponds to the first temperature ramp applied to the sample of ~60 Å DPPC on 

SiO2/Si, while Figure 4.22 b) and c) show the data obtained during the second and third 

heating ramp, respectively.  

Changes in slope, I.e. the inflection points of the ellipsometric signal indicate 

changes in the phase of the DPPC bilayers. The three transitions measured in the 

sample corresponding to Figure 4.22 b) and c) are from left to right: The gel to ripple 

at 311 K, ripple to liquid crystalline at 322 K and liquid crystalline to fluid disordered 

at 330 K, respectively, marked in Figure 4.22 with vertical dashed lines. Further 

experiments on four different samples prepared under the same (all curves are shown 

in Figures 4.23–4.30) conditions produced a gel to ripple transition at 311.5 ± 0.9 K, 

ripple to liquid crystalline at 323.8 ± 2.5 K and a liquid crystalline to fluid disordered 

at 330.4 ± 0.9 K (see Table 6.4).  
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Figure 4.22. Ellipsometric changes in polarizer angle ΔP of DPPC bilayer, 

measured during a) the first, b) the second and c) the third heating–cooling cycle. 

Vertical dashed lines indicate the phase transition temperatures as described in the text. 

The ΔP signal of the following heating–cooling cycles show the same characteristics of 

figures b) and c), leading to the conclusion that the structure formed after the first 

heating–cooling cycle remains stable. 

From the ellipsometry measurements, as shown in Figure 4.22, one can observe 

that after the first temperature cycle the general shape of the heating-cooling curve 

stabilizes, indicating that the first heating ramp produced an irreversible change in the 

morphology of the sample, which was maintained throughout the following heating-

cooling cycles. In other words, the system was transformed into a stable structure at 

room temperature in a two-step self-assembly process; i.e., after the first heating ramp, 

no rearrangements of the molecules were observed in samples stored over at least 

fifteen months (see Figure 6.9). This contrasts to previous observations of alkane 

monolayers, which are metastable at room temperature, showing mobility that leads to 

the formation of macro-crystals and depleting areas around them [77]. The phase 

transitions seen in Figure 4.22 are characterized by different collective molecule 
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behaviors [52]. The gel phase is an ordered phase formed by slightly inclined 

phospholipid molecules. In this phase, the ellipsometric signals remain constant. At 

311.5 K we see a smooth onset of the gel to ripple transition, caused by increased 

molecular dynamics, resulting in an undulated surface and a straightening of the 

molecules. This straightening of the molecules leads to an increase in the measured 

polarizability of the molecules, which in our setup is reflected by an increase in the 

signal. At 323.8 K, the transition from ripple to liquid crystalline (fluid ordered) phase 

occurs, which implies a collective inclination of the molecules and an increase of 

gauche defects or kinks in the alkane chains of the phospholipid molecules, 

dramatically reducing their contribution to the measured polarizability, or ellipsometric 

signal [65]. At 330.4 K the system starts the transition from liquid crystalline to the 

fluid disordered phase, where the bilayer structure disappears completely and the 

surface converts into an almost flat fluid, where the average orientation of the 

molecules contributes even less to the measured polarizability, or ellipsometric signal. 

The transition temperatures for ripple to liquid crystalline and liquid crystalline to fluid 

disordered suggests the existence of a structural first-order phase transition [78], [79].  
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Figure 4.23: Temperature ramp ΔP (degrees) vs. Temperature (K) 

corresponding to sample NE01 ramp number 7. 
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 Figure 4.24: Temperature ramp ΔP (degrees) vs. Temperature (K) 

corresponding to sample NE01 ramp number 8. 
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 Figure 4.25: Temperature ramp ΔP (degrees) vs. Temperature (K) 

corresponding to sample H14 ramp number 3. 
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Figure 4.26: Temperature ramp ΔP (degrees) vs. Temperature (K) 

corresponding to sample H14 ramp number 6. 



 76 

 

Figure 4.27: Temperature ramp ΔP (degrees) vs. Temperature (K) 

corresponding to sample H15 ramp number 5. 
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. 

Figure 4.28: Temperature ramp ΔP (degrees) vs. Temperature (K) 

corresponding to sample H15 ramp number 6. 
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Figure 4.29: Temperature ramp ΔP (degrees) vs. Temperature (K) 

corresponding to sample H16 ramp number 6 
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Figure 4.30: Temperature ramp ΔP (degrees) vs. Temperature (K) 

corresponding to sample H16 ramp number 7 

 

 

Given that the transition seen at 311 K (gel to ripple) is a smooth continuous 

transition, we performed complimentary QITM AFM measurements in this low 

temperature range. Adhesion maps of 2 µm × 2 µm were recorded over a total of 3 SLB 

samples. Temperature ramps were taken using steps of 5 K, starting from room 

temperature to 328 K. Figure 4.31 a)–c) shows the adhesion maps at temperatures 296 

K, 308 K and 323 K. A noticeable change in adhesion is observed between images 

when compared in the same adhesion range (1–20 nN). By extracting the adhesion 

distribution at the different temperatures and obtaining the center and half width of the 

distribution, the average adhesion force was then plotted as a function of temperature, 

as shown in Figure 4.31 d), for three representative samples. Another adhesion map 

used to build the graph in the Figure 4.31 d) is shown in the Figure 6.4. As seen in 
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Figure 4.31 d), the adhesion value rises between room temperature and 308–312 K and 

then drops abruptly.  

 

 

Figure 4.31. Adhesion maps obtained using QITM mode for (a) 296 K (b) 308 K 

and (c) 323 K. (d) Normalized adhesion taken for three different samples as a function 

of temperature. 

AFM adhesion measurements in Figure 4.31 exhibit two regimes, one where the 

adhesion increases between room temperature and ~308–313 K and a regime where the 

adhesion drops above 313 K. From the literature, it is known that the temperature range 

of the gel-ripple transition corresponds to 306–310 K [31]. We believe that the increase 

in adhesion as seen in Figure 4.31 between room temperature up to 308–312 K, is 

related to the appearance of ripples in the membrane. These ripples have a reported 

wavelength of 14 nm [80], which is comparable to the AFM tip radius, which means 

the tip could fit partially within the groves, generating an increase in contact area and, 

therefore, an increase in adhesion, as compared to a flat and unwrinkled membrane. 

The three curves in Figure 4.31 show a maximum range between 308 and 312 K, after 

which the adhesion shows a sharp decrease related to a phase transition. This 

temperature range falls within the reported values for the ripple to liquid crystalline 
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phase transition [31]. We believe that this sharp drop is related to the ripple to liquid 

crystalline transition given that the membrane smoothens, i.e., loses its ripples, 

generating a decrease in the contact area with the tip. 
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4.9 Effect of the AFM tip over the scanned area 

For further proof of the formation of dry phospholipid bilayers, we draw on a 

more detailed study of the well-known behavior of conventionally wet produced SLBs. 

Attwood et al. [81] and Gosvami [82] described an AFM-tip induced changes in 

morphology of SLBs on mica produced by vesicles in water (DOPC, DPPC) and by 

the Langmuir–Blodgett (LB) technique (DODAB), respectively. In both cited studies, 

AFM measurements performed in water show a morphological modification of the scan 

area due to the interaction of the SLB with the cantilever tip. We analyzed the tip-

surface interaction as a function of temperature and compared our AFM measurements 

with temperature-dependent ellipsometric analysis. The latter is a non-invasive 

method, based on low energy photon-solid interactions, which does not affect the 

structure of the molecules nor the morphology of the crystalline or fluid ordered phases. 

In other words, we analyzed the topographical channels as a function of temperature to 

study structural changes in the film. Figure 4.32 shows AFM topography images before 

and after temperature ramps, ranging between room temperature (RT) and 347 K, 

performed within the ellipsometer (Figure 4.32 a)–c)) and within the AFM (Figure 4.32 

d)–f)). Figure 4.32 a) shows the topography of the evaporated SLBs at RT before the 

first temperature ramp was performed within the ellipsometer. In Figure 4.32 b) and c), 

we observe the sample at RT after the first and sixth temperature ramps carried out 

within the ellipsometer, respectively. A reorganization of the initial surface (Figure 

4.32 a)) into an even more homogeneous bilayer surface was observed (Figure 4.32 b) 

and c)). In order to study the reorganization of the sample shown in Figure 4.32 a)–c), 

we performed temperature cycles within the AFM to map the surface topography with 

increasing temperature operating in air. The AFM topography images were taken every 

5 K throughout the ramps, starting from RT up to 343 K (see Figure 6.6). Figure 4.32 

d) shows the topography of the evaporated DPPC sample before any temperature ramp. 

The morphology of Figure 4.32 d) is similar to that of Figure 4.32 a). Figure 4.32 e) 

shows the AFM topography of the SLBs after the first temperature ramp was performed 

within the AFM in the same scanning zone as Figure 4.32 d). Figure 4.32 f) shows the 

AFM topography of the same sample after the first temperature in a contiguous region 
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to the scanned area shown in Figure 4.32 e), i.e., it was not imaged during the 

temperature cycle. The scanned area during the temperature cycle (Figure 4.32 e)) has 

a roughness parameter (Rq is referred to as the root-mean-square roughness) of Rq = 28 

nm, while the contiguous region (Figure 4.32 f)) has a roughness of Rq = 3.3 nm.  

 

Figure 4.32. Topographic AFM images from DPPC/SiO2/Si samples at RT: a) 

directly after evaporation and before the first temperature cycle, b) after the first and c) 

sixth temperature cycle performed within the ellipsometer. d) The topography image 

directly after evaporation and before temperature cycling within the AFM, e) after the 

first temperature cycle while scanning with AFM, and f) after the first temperature cycle 

in a contiguous region to the scanned area. 

By the observation of Figure 4.33, the AFM topography images lead us to believe 

that the AFM tip is interacting with the SLB in air, affecting its morphology and 

roughness, during the heating cycle. Restructuring of an SLB on mica due to tip 

interactions has been reported on DODAB, DOPC and DPPC on mica in liquid [81], 

[82]. It is important to emphasize that in the AFM images seen in Figure 4.33 a)-d) and 

in Figure 4.33 f), the first layer, corresponding to an initial height of 0 nm for the AFM 

data, contains a complete phospholipid bilayer, which was confirmed by the 

observation of a single rupture event in the force curves. Meanwhile in Figure 5e there 

is no DPPC bilayer in the first height layer, since it was removed and piled up due to 
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the interaction between the AFM tip and the sample during the temperature cycle. This 

was confirmed by force curves which do not show a rupture event.  

To quantify the effect of the tip - SLB interaction we performed AFM imaging in 

air at RT upon DPPC single- and double bilayers. Consecutive AFM images were 

obtained in intervals of 7 minutes. In figure 4.33, one can observe the dynamics of a 

double bilayer and a single bilayer induced by the AFM tip. A total of 10 AFM images 

were recorded. The first 5 images were taken at a force set point of 1 nN (figure 4.33 a) 

to c)), while the following 5 were taken at 3 nN (figure 4.33 d) to f)). There is a clear 

reduction of the double bilayer area, as well as, a restructuring of the single bilayer.  

 

 

Figure 4.33: AFM topography images of the DPPC bilayer taken at RT in air 

during consecutive measurements in the same scan region (2 µm × 2 µm), initiated to 

induce the reduction of the island-like DPPC bilayer surface area, applying two 

different tip forces, a)–c): 1 nN; d)–f): 3 nN. 

The holes seen in the SLBs in Figure 6 were measured by taking cross-sections 

that have a depth of ~1.2 nm, which is independent of the loading force. We believe 

these holes are due to a local interdigitation or intercalation of the alkane legs or gauche 
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defects/kinks in the lipid molecules’ hydrocarbon chains. From these measurements one 

can see that the SLB is a dynamic system that interacts with the AFM tip in air, even 

though the applied forces are below any possible rupture of the membrane (<5 nN). 

We measured the area of the DPPC islands, as seen in Figure 4.33, by masking 

the image by height using an image processor (Gwyddion) and obtaining the area as a 

function of scan number, for two different applied tip forces. Figure 4.34 shows the 

reduction in area of the DPPC islands as a function of scan number. For scan numbers 

1–5, the applied force was 1 nN, and for scan numbers 6–10, 3 nN. The measured area 

reduction follows a linear behavior and there is a clear difference in rates between two 

applied tip forces. For a set point of 1 nN the measured reduction rate was −2.4 × 104 

nm2/scan and for 3 nN we obtain −6.5 × 104 nm2/scan. 

 

Figure 4.34. Surface area reduction during consecutive scans at RT using two 

different tip forces applied in the same scan regions. Scans 1–5 are taken at 1 nN, while 

scans 6–10 are taken at 3 nN. 

We also analyzed the depth of the holes created by the AFM tip in the SLBs, as 

seen in the second bilayer island of Figure 4.33. The average hole depth was 1.2 ± 0.4 

nm, as measured by cross-sections over the hole (see Figure 6.8). These holes are lower 

in height than the DPPC monolayer thickness, and do not change with the different 

setpoints used, i.e., 1 nN and 3 nN.  
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Figure 4.34 shows the reduction rate dependence on the external tip force. We 

emphasize that these results are time-independent. The observed reduction only 

depends on the number of scans and on the intensity, i.e., force setpoint 1 nN or 3 nN, 

of the “hammer blows” executed by the AFM tip. During these measurements in QITM 

mode, only vertical forces act on the surface. In other words, there are no lateral forces 

involved, except on the borders of the bilayer islands. This means we are not dragging 

material across the scanned area, so we can rule out this effect on the reduction 

dynamics seen in Figure 4.34. 
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5. Conclusions 

 

In this work, we have shown a dry two-step method for SLB formation, 

consisting of thickness-controlled phospholipid deposition in high vacuum onto bare 

SiO2/Si substrates, followed by a subsequent heating cycle performed in air. The SLBs 

were stable in air without the application of water or buffer solution to the sample. 

These vapor-deposited SLBs exhibited phase transitions, which we measured using 

VHRE in air, which were found to be consistent with literature values of SLBs in liquid. 

The observed phase transitions lead us to believe that our SLBs are biologically 

functional. AFM measurements carried out in air exhibited rupture forces which were 

roughly 5 nN. These rupture forces were lower than values we measured in liquid (>15 

nN) for samples prepared under the same conditions. This confirmed that water has a 

stabilizing effect on the mechanical properties of the membranes. Our control 

measurements in water corroborated that the first monolayer of the vapor-deposited 

stable DPPC bilayer assembled with the polar heads towards the substrate. We have 

observed that our SLBs tend to restructure in air when interacting with the AFM tip, 

even though the applied forces were lower than the rupture force. Our evaporated 

membranes showed long-term stability and no restructuring after storage in air for at 

least nine months. This extreme stability of the SLB structures studied herein makes 

this system interesting for technical applications in the field of functional biointerfaces, 

e.g., for the fabrication of biosensors and membrane protein platforms, including 

cleanroom-compatible fabrication technology. Our SLBs could also help us gain 

insight into the lifetime of viral structures protected by a surrounding phospholipid 

bilayer adsorbed on static solid surfaces or on inhalable particulate material (PM), 

which contributes to the spread of the SARS-CoV-2 virus. 
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6. Supporting information 

 

6.1 Measuring the rupture force of the bilayer 

 The determination of the rupture force was realized with AFM force curves using 

force mapping mode on a 7 μm x 7 µm area. We analyzed the breakthrough events at 

all observable points, which showed 1, 2 or 3 breakthrough events. With these 

measurements we corroborated that we can form a complete phospholipid bilayer on the 

silicon substrate and that the measured force value is similar independent of the number 

of the breakthrough events. Table 6.1 show the values of different rupture forces of 

curves that showed only one rupture. Table 6.2 show the values of different rupture 

forces of curves that showed two ruptures. Table 6.3 show the values of different rupture 

forces of curves that showed three ruptures. Figure 6.1 show force curves of the DPPC 

bilayer in water conditions that not show ruptures at least at 16 nN.  

 

Peak 1 

Position (nm) Height (nN) 

−0.9 0.6 

−4.6 6.4 

−4.8 6.6 

−4.8 7.1 

−1.4 0.8 

−5.0 6.9 

−4.9 6.6 

−5.4 6.7 

−5.0 6.6 

−5.1 6.2 

−3.1 3.9 

Average 5.3 

Standard deviation 2.4 

 

Table 6.1. Value of different rupture forces of curves that showed only one 

rupture. 
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Peak 1 Peak 2 

Position (nm) Height (nN) Position (nm) Height (nN) 

−0.7 0.8 −1.3 1.1 

−6.6 7.0 −11.3 7.0 

−4.7 6.0 −9.5 5.0 

−5.0 6.9 −9.7 5.9 

−5.1 5.2 −9.4 4.9 

−5.6 6.6 −8.4 4.7 

−5.5 6.8 −9.6 5.5 

−5,6 5.9 −9.8 5.3 

−5.1 5.6 −10.6 6.5 

−6.0 5.5 −9.8 4.9 

−5.7 6.6 −8.7 4.0 

−4.8 5.4 −9.0 5.0 

−4.6 6.2 −9.3 4.9 

−4.3 6.0 −7.9 4.8 

−5.3 5.5 −10.0 5.5 

−4.0 5.4 −8.3 3.7 

−5.2 6.5 −9.8 5.5 

−4.8 5.3 −8.4 3.9 

−4.3 4.7 −9.4 4.7 

−5.7 5.0 −10.0 5.3 

−4.2 5.3 −9.4 5.3 

5.1 5.4 −10.6 6.3 

−4.7 5.6 −9.9 6.1 

−5.1 6.9 −10.3 5.8 

−4,1 4.8 −9.3 4.3 

−4.4 5.3 −9.3 4.9 

−5.8 6.2 −9.3 4.9 

−4.0 4.2 −9.3 5.2 

−4.6 6.3 −8.8 6.0 

Average 5.6   5.1 

Standard deviation 1.2   1.1 

 

Table 6.2 Value of different rupture forces of curves that showed two ruptures. 
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Level 3 Level 2 Level 1 

Position 

(nm) 

Vertical  

Deflection 

(nN) 

Position 

(nm) 

Vertical 

Deflection 

(nN) 

Position 

(nm) 

Vertical 

Deflection 

(nN) 

−5.7 6.9 −9.7 7.1 −13.6 6.9 

−6.1 6.9 −10.0 6.6 −14.8 6.8 

−6.3 7.2 −9.7 5.9 −13.6 5.7 

−4.2 5.8 −8.2 5.1 −9.9 5.4 

−3.6 4.4 −5.7 6.0 −9.9 4.8 

−4.3 6.1 −8.8 5.8 −9.8 5.6 

−2.1 2.1 −6.6 2.3 −9.1 2.7 

−2.4 2.7 −4.1 2.5 −6.4 2.4 

Average 5.3   5.2   5.0 

Standard 

deviation 2.0   1.8   1.7 

 

Table 6.3 Value of different rupture forces of curves that showed three ruptures. 

Figure 6.1. Left panel: Vapor deposited DPPC membrane in liquid conditions 

measured with AFM. Right panel: Force curves on a bilayer island (top panel) and 

bottom level (lower panel). Force curves show no evidence of a rupture. 
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6.2 Measuring the phase transition temperature 

 

The determination of the phase transition temperature was realized using four 

different samples and two ellipsometric curves (not considering the first temperature 

cycle) of each sample. Each sample was constructed in similar conditions of pressure 

and evaporation rate controlled by the termocoax® current applied. The film thicknesses 

were above the 40 Å and below 80 Å and we believe that the differences of the curves 

formed is due to these thickness variation, but it is important to emphasize, that the 

phase transition temperature can be detected independently of the film thickness as 

expected. 

 

The analysis of the data is shown in figure 6.2 and the detailed example is shown 

in figure 6.3. The objective of this analysis was to determine the changes in the slope 

associated with the changes in the behavior of bilayer molecules attributed to the 

changes in the phase of the system. For this purpose, a linear curve was fitted to the 

consecutive linear behavior part of the curve; to the point where the linear fittings 

crossed, we assigned the temperature where the phase transition is occurring.  
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Figure 6.2: Example of the linear fitting realized to the ellipsometric curves 

obtained from the thermal cycle applied to the samples. 
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Figure 6.3: Detailed example of the linear fitting realized to the ellipsometric 

curves obtained from the thermal cycle applied to the samples. 
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The results obtained from the linear fitting on the ellipsometric curves are placed 

in table 6.4. The results showed that the values of the phase transition temperature have 

a standard deviation below 1 K for the Gel-Ripple and Liquid Crystalline-Fluid 

Disordered transitions and in the case of Ripple – Liquid Crystalline transition, the 

standard deviation increased up to 2.5 K. In all of cases, the value of the phase transitions 

are concordant with the literature despite the small standard deviations measured.  

 

Sample Ramp number 
Temp (Gel-

Ripple) 

Temp (Ripple-

Liquid 

Crystalline) 

Temp (LC-Fluid 

Disordered) 

NE01 7 311.3 321.3 329.9 

NE01 8 310.9 321.1 330.0 

H14 3 311.0 321.3 329.4 

H14 6 312.4 323.9 329.5 

H15 5 310.0 323.4 330.9 

H15 6 311.4 325.6 331.1 

H16 6 312.8 326.6 330,3 

H16 7 312.3 327.3 332.1 

Average 311.5 323.8 330.4 

Standard deviation  0.9 2.5 0.9 
 

Table 6.4 Values for the temperatures in Kelvin of three different phase 

transitions obtained from 8 ellipsometric measurements on 8 different samples. 
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6.3 Adhesion map measurements using AFM 

Adhesion maps of 2 µm × 2 µm were recorded for a total of 3 SLB samples. 

Temperature ramps were taken using steps of 5 K, starting from room temperature to 

328 K. Figure 6.4 show the adhesion maps obtained using QITM mode for sample H14 

(a) 296 K (b) 308 K and (c) 323 K and sample H15 (d) 296 K (e) 313 K and (f) 323 K. 

Figure 6.5 shows (a) adhesion map of silicon at room temperature after a complete 

heating-cooling cycle and (b) Histogram of the white rectangle shown in the adhesion 

map that represents the substrate, silicon. 

 

Figure 6.4 Adhesion maps obtained using QITM mode for sample H14 (a) 

296 K (b) 308 K and (c) 323 K and sample H15 (d) 296 K (e) 313 K and (f) 323 

K. 
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Figure 6.5. (a) Adhesion map of silicon at room temperature after a complete 

heating-cooling cycle corresponding to image figure 5 (e). In the marked area (white 

frame) the AFM-tip removed the SLB material on top of the SiO2/Si substrate. (b) 

Histogram of the white rectangle shown in the adhesion map that represents the 

substrate, silicon. The main adhesion peak of silicon is around 5 nN. 
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6.4 Complete set of AFM images during the 

temperature ramp 

 

The complete AFM temperature ramp applied to the sample, associated with the 

images showed in the figure 4.32 d) and e), can be observed in the figure 6.6. All images 

shown in figure 6.6 are taken in the same scan zone. With these topography images it is 

possible to observe the tip effect during the temperature cycle when the temperature 

rises above the Liquid Disordered phase. The constant movement of the AFM tip 

produces the effect of material drag in the scan zone that cannot be observed in the 

contiguous region (see figure 4.32 f)) 
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Figure 6.6: Topographical AFM images of DPPC bilayer during the heating-

cooling temperature cycle. At 343 K the SLB is in the fluid disordered phase and the 

AFM cantilever accumulates material at the right side of the image. 
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6.5 Study of the bilayer surface area 

The determination of the decreasing area reported in figure 4.33 was analyzed 

with the Gwyddion software in order to measure the grain threshold with the aim of 

obtaining information about the surface area coverage of the DPPC bilayer and its 

corresponding volume occupied. An example of this process is observed in the figure 

6.7. With this technique, it was possible to quantify the surface area covered by the 

specific bilayer and measuring its reduction due to the drag of material effect produced 

by the AFM tip. 

 

 

Figure 6.7: a) image of the masked red area called zone 1, which corresponds to 

the level 1 or the first DPPC bilayer on the silicon substrate and b) image that shows 

the red masked zone 2 that correspond to the second bilayer on the first bilayer. 
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Figure 6.8 shows in detailed the holes seen in the SLBs in figure 4.33, which were 

measured by taking cross-sections that have a depth of ~1.2 nm. 

 

Figure 6.8. Topographical image and cross section of the image 

corresponding to (a) figure 4.25c) and (b) figure 4.25f). 
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6.6 Study of the long term stability of the SLBs 

formed in Surflab UC 

The study of the stability of the SLBs formed in our laboratory was realized 

comparing the same sample with a difference of 15 months that can be observed in 

figure 6.9. 

 

Figure 6.9. AFM images and histograms of (a) DPPC on SiO2/Si two hours 

after evaporation and (b) nine months later. The images were taken on the same 

sample at different areas. The sample was stored in air inside a Petri dish in the 

laboratory. 
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6.7 Calibration process of the temperature sensor 

of the ellipsometer 

 

During the process of the temperature cycle, the temperature controller was used 

to change and measure in situ the temperature of the sample. This sensor is a Pt-100 

probe located in a cooper block inside the temperature controller. To study phase 

transitions in SLBs, it was necessary to measure the temperature directly on the sample 

(on the silicon surface). Due to the implementation of a suited system to measure the 

temperature on the sample, which does not interfere with the laser optical path worked 

out, being somewhat complex, an alternative solution to this problem (that permits us 

even to recalibrate measurements realized previously) was an extra probe (thermocouple 

K type) placed on the substrate which was calibrated to the known response measured 

on the surface of the bilayer. 

The result obtained for this calibration process is shown in the figure 6.10 and 

figure 6.11 corresponding to the curve adjusted during heating and the cooling parts of 

the temperature cycle. In both calibration curves, the slopes are similar but still 

considered separate in order to produce a more accurate result. 
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Figure 6.10: Calibration curve during the heating process that compare the 

temperature measured with the thermocouple (Temp TC) and the temperature measured 

with the Pt-100 probe of the lakeshore temperature controller (Temp LS). 
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Figure 6.11: Calibration curve during the cooling process that compare the 

temperature measured with the thermocouple (Temp TC) and the temperature measured 

with the Pt-100 probe of the lakeshore temperature controller (Temp LS). 
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6.8 Analysis of the Straylight Intensity (SLI) results 

 

A useful tool to observe phase transitions in thin films is to measure the straylight 

emitted from the sample surface. Results obtained from these measurements are shown 

in figure 6.12 to figure 6.21. Figure 6.12 represents the first temperature cycle from 

room Temperature to 360 K. In this curve one can observe the change from the 

unstable initial state of the bilayers, after the evaporation process, to the stable state of 

the DPPC SLB. Figures 6.13 to figure 6.15 show the following temperature cycles 

realized to the sample NE01 that were performed upon the same area of the sample 

(the sample was not moved in the holder during the four first temperature cycles). 

Figure 6.13 and figure 6.14 show the complete temperature cycles for the stable state 

of the SLB. Figure 6.15 shows only the heating part of the curve to make the analysis 

easier to read. In this figure it was possible to conclude that the straylight shows a 

similar information as ∆𝑃, but if we observe the figure 6.15, the straylight intensity 

changes its shape and this situation makes the analysis confusing, because for ∆𝑃 the 

intensity does not change.  

In figure 6.16 it was possible to observe the complete thermal cycle in the sample 

NE01, but this measurement was realized in a different region of the sample. This 

temperature cycle shows that both delta P and the straylight change in shape in 

comparison with the second and third thermal cycles and that suggested that the shape 

of both delta 6.18 show a complete temperature ramp both in the same region of the 

results showed in figure 6.16. In this case both delta P and straylight maintain their 

shapes during at least three thermal cycles.  

In figure 6.20 and figure 6.21 it was possible to observe two measurements 

realized to samples with thicknesses below 30 Å, for which it was not possible to 

observe (as expected) changes in the ∆𝑃 signal, but in the case of straylight for figure 

6.20 it was not possible to observe anything; for figure 6.21 it was possible to observe 

a slight step that could be misinterpreted as a possible phase transition. Still, alongside 

analyzing the potential repeatability of such ambiguous results with respect to varying 
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straylight effects, a more detailed study to better understand the behavior of the 

straylight and its effect upon the ellipsometric results for the SLBs may be necessary. 

 

 

Figure 6.12: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE01 thermal cycle number 1. 
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Figure 6.13: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE01 thermal cycle number 2. 
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Figure 6.14: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE01 thermal cycle number 3. 
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Figure 6.15: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE01 heating ramp number 3. 
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Figure 6.16: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE01 thermal cycle number 5. 
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Figure 6.17: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE01 thermal cycle number 6. 
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Figure 6.18: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE01 thermal cycle number 7. 
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Figure 6.19: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE01 thermal cycle number 8. 
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Figure 6.20: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE17 ramp number 6. 
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Figure 6.21: a) Changes in the polarization state ∆𝑃 of the thin film measured using 

VHRE and b) Straylight intensity of the thin film measured during the temperature cycle. 

The sample shown is NE17 ramp number 8. 
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6.9 Postulated Projects, conferences and publications 
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3. Concurso Covid-19 ANID 2020. 
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